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SUMMARY

The state of Queensland has the highest incidence of Q fever in Australia. In recent years, there

has been an increase in human cases where no contacts with the typical reservoir animals or

occupations were reported. The aim of this study was to determine the seroprevalence of Coxiella

burnetii in Australian native animals and introduced animals in northern and southeastern

Queensland. Australian native marsupials sampled included the brushtail possum (Trichosurus

vulpecula) and common northern bandicoot (Isoodon macrourus). Introduced species sampled

included dingoes (Canis lupus dingo), cats (Felis catus), foxes (Vulpes vulpes) and pigs (Sus scrofa).

Serum samples were tested by ELISA for both phase II and phase I antigens of the organism

using an Australian isolate. The serological evidence of C. burnetii infection demonstrated in

these species has public health implications due to their increasing movement into residential

areas in regional Queensland. This study is the first known investigation of C. burnetii

seroprevalence in these species in northern Queensland.
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Coxiella burnetii is the aetiological agent of Q fever

[1]. Q fever has been described as a re-emerging

pathogen of increasing importance as a public health

issue [2], with Australian surveys showing an increased

prevalence of Q fever in humans in recent years [3–5].

Studies conducted in northern Queensland found

many Q fever patients reported no contact with cattle,

sheep or goats which are known to be the typical

reservoirs [6, 7]. Wildlife has been proposed as a

potential alternative reservoir for Q fever in these

cases. In Australia, bandicoots (Isoodon sp.) have

been found to carry the organism [8] and were as-

sociated with an outbreak of Q fever in Queensland in

1958, where there was no association found with any

other potential reservoir species [9]. In the following

50 years, no further work has been performed on the

role of bandicoots in the epidemiology of Q fever. To

date, no evidence of C. burnetii has been identified in

possums (Trichosurus vulpecula). However, possums

have been identified as reservoirs of leptospirosis

in Australia [9]. Many species that are reservoirs for

leptospirosis are also reservoirs for Q fever [10].

Serologically leptospirosis-positive possums have also

been identified in major suburban areas in Australia

[11]. Therefore, there may be potential for possums to

also act as reservoirs of Q fever. In Australia, feral

animals and dingoes are distributed in both remote
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and peri-urban areas [12,13]. These animals may be

involved in the natural cycle of C. burnetii in wildlife.

With increased population growth in Queensland

there is increasing urban development in bushland.

This provides a potential conduit for the transmission

of Q fever from wild and feral animals to domestic

animals and humans. This study aimed to establish

the prevalence of anti-C. burnetii antibodies in several

native and non-native species in northern and south-

eastern Queensland.

Bandicoots and possums sampled in northern

Queensland were trapped according to procedures

used by the Queensland Parks and Wildlife Service.

Ethical approval was granted by the James Cook

University Animal Ethics Committee. Great care was

taken to reduce stress on the animals. Blood samples

(equivalent to <0.5% of the body weight to a maxi-

mum 2 ml) collected from each identified animal

were taken from the tail vein or other suitable site.

Following blood collection, animals were released at

the site at which they were captured. The approximate

age, sex and capture area were recorded for each

animal. Whole blood was allowed to clot and cen-

trifuged at 1400 g for 10 min at room temperature.

Serum removed from the samples was frozen at

x20 xC prior to analysis.

Samples from introduced species were obtained

for this study through a selection of pest control

and eradication programmes. Dingoes, feral cats and

foxes were captured humanely by professional trap-

pers using rubber padded leg-hold traps and de-

stroyed humanely within several hours of capture.

Blood samples were collected via cardiac puncture

with 18-gauge needles and 20-ml syringes and trans-

ferred to 10-ml heparinized vacutainers. Feral pigs

were captured humanely by professional trappers

using cage and corral traps then destroyed humanely

within several hours of capture. Blood samples were

obtained following severing of the jugular vein and

transferred to 10-ml heparinized vacutainers. The

approximate age, sex and capture area were recorded

for each animal. Serum was separated and stored as

described for native species.

Antigen was prepared according to the protocol

described in the Manual of Diagnostic Tests and

Vaccines for Terrestrial Animals [14]. Both phase II

and phase I C. burnetii antigens were produced using

an Australian C. burnetii isolate (Cumberland strain).

Phase II C. burnetii was obtained by serial passage in

Vero cell culture to a total of 15 passages. Phase I

C. burnetii was maintained by animal passage in A/J

strain mice, followed by a single passage in embryo-

nated chicken eggs. Phase II and I antigenicity was

confirmed by complement block titration using com-

mercial anti-C. burnetii phase II and I control sera

and antigens (Virion/Serion, Germany). NUNCTM

96-well Maxisorp plates were coated with 100 ml of

phase I or phase II antigens at 50 mg/ml in carbonate/

bicarbonate coating buffer (pH 9.0) and incubated

overnight at room temperature in a humidified

chamber. Plates were then blocked and stabilized with

100 ml post-coating buffer (TropBio, Australia),

incubated at room temperature for 2 h then dried.

The enzyme-linked immunosorbent assays

(ELISAs) were initially optimized and validated using

serum from mice and guinea pigs experimentally

infected with C. burnetii, PBS inoculated negative

controls and confirmed Q fever patient sera. The

murine ELISA was optimized using 6-week-old C57/

Bl6 mice, with 10 mice injected intraperitoneally (i.p.)

with 100 ml PBS containing 1r104 C. burnetii and a

further 10 mice injected with 100 ml PBS. Blood was

collected 2 weeks post-injection via cardiac puncture,

coagulated and centrifuged to collect sera. A total of

18 guinea pigs were used to further optimize

the ELISAs with five groups of three guinea pigs in-

jected i.p. with 100 ml PBS containing 1r105, 1r106,

1r107, 1r108, 1r109 C. burnetii, respectively and a

further three guinea pigs injected i.p. with 100 ml PBS.

Blood was collected 2 weeks post-injection via cardiac

puncture, coagulated and centrifuged to collect sera.

This was performed under the approval of the James

Cook University Animal Ethics Committee under

PC3 conditions. Checkerboard ELISAs were per-

formed to determine the best reagent concentrations

and sera were also tested against Legionella pneumo-

phila lysate to determine potential cross-reactivity.

Using the optimized reagent concentrations a random

selection of serum samples from the target species

(30 canine, 30 feline, 10 porcine, 10 bandicoot, 10

possums) were selected and tested to select appropri-

ate positive and negative control sera for each species.

Using the selected positive and negative control sera,

ELISAs were refined for each species and appropriate

cut-offs determined through comparison with murine

and cavine sera cut-offs.

Indirect ELISA were used for detection of anti-

bodies in introduced species, with test sera added at

a dilution of 1:100 and HRP-conjugated anti-species

IgG (Serotec, UK) at 1:2000 for dingoes and foxes

(sheep anti-canine IgG), 1:2000 for cats (goat anti-

feline IgG) and 1:5000 for pigs (rabbit anti-porcine
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IgG). Test sera was applied in 50-ml aliquots in

duplicate and incubated at 37 xC for 1 h. Positive and

negative control sera were also included in duplicate.

The wells were washed three times with PBS, Tween

0.05%, after which 50 ml conjugate was applied and

incubated at 37 xC for 1 h. The wells were washed

again, after which 100 ml ABTS (TropBio) was

applied and incubated at 37 xC for 30 min. Optical

density readings were obtained using a plate reader at

414/494 nm. The S/P%was calculated for each sample

using the following formula:

S=P%=
OD samplexOD negative control

OD positive controlxOD negative control
r100:

Sera with an S/P% <50% were considered to be

negative. Samples with an S/P% of between 50% and

75% were considered to be positives ; those >75%

were considered strongly positive.

Competitive ELISA was used for native Australian

marsupial species, with test sera added at a dilution of

1:10, indicator sera (previously defined, C. burnetii-

positive bovine sera) at 1:200 and HRP-conjugated

anti-bovine Ig at 1:1000 (Serotec, UK). Test sera was

applied in 50-ml aliquots in duplicate and incubated at

37 xC for 1 h. Positive and negative control sera were

also included in duplicate. Indicator serum was then

applied and incubated at 37 xC for a further 1 h. The

wells were washed three times with PBS-T after which

50 ml conjugate was applied and incubated at 37 xC

for 1 h. The wells were washed again, after which

100 ml ABTS was applied and incubated at 37 xC for

30 min. Optical density readings were obtained using

a plate reader at 414/494 nm. A reduction in optimal

density of o70% from that of the indicator serum

alone was considered to be a positive result.

Percentage seropositivity was calculated by divid-

ing the number of positive samples by the total num-

ber of samples and multiplying by 100. Comparison

of seropositivity between groups was performed using

Kruskal–Wallis tests. Cross-tabular analysis and

Pearson x2 tests were performed for factors poten-

tially associated with seropositivity for either or both

antigenic phases of C. burnetii.

A total of 127 dingo, 56 brushtail possum, 50 feral

pig, 46 bandicoot, 31 feral cat and 16 fox serum

samples were screened for the presence of anti-

C. burnetii phase II and I antibodies. Overall sero-

prevalence in each species was determined to be

43.8% (95% CI 42.5–48.1) in foxes, 38.7% (95% CI

38.0–40.6) in feral cats, 23.9% (95% CI 23.6–24.8) in

bandicoots, 22.0% in feral pigs (95% CI 21.8–22.7),

17.3% (95% CI 17.2–17.5) in dingoes and 10.7%

(95% CI 10.6–11.1) in possums. A summary of

seroprevalence is included in Table 1. The only

factor associated with seropositivity in dingoes was

origin, with samples originating from southeastern

Queensland more likely to be seropositive for phase II

[relative risk (RR) 2.5, OR 2.9, x2=4.8] or both anti-

gens (RR 2.8, OR 3.6, x2=9.8) than samples orig-

inating from northern Queensland. Statistically

significant factors associated with seropositivity in

feral cats were southeast Queensland origin (RR 3.7,

OR 6.7, x2=8.0) and male sex (RR 3.2, OR 5.6,

x2=6.2). No factors were found to have statistically

Table 1. Summary of seroprevalence in species sampled

Species No. sampled

Seropositivity (%) (95% CI)

Phase II Phase I Phase II/I

Dingo (I) 127 12.6 8.7 17.3
(Canis lupus dingo) (12.5–12.8) (8.6–8.8) (17.2–17.5)
Feral pig (I) 50 20.0 10.0 22.0

(Sus scrofa) (19.8–20.7) (9.9–10.4) (21.8–22.7)
Feral cat (I) 31 29.0 22.6 38.7
(Felis catus) (28.6–30.6) (22.3–23.9) (38.0–40.6)
Fox (I) 16 37.5 18.7 43.8

(Vulpes vulpes) (36.6–41.5) (18.5–21.6) (42.5–48.1)
Brushtail possum (N) 56 7.1 3.6 10.7
(Trichosurus vulpecula) (7.1–7.5) (3.6–3.8) (10.6–11.1)

Northern bandicoot (N) 46 21.7 21.7 23.9
(Isoodon macrourus) (21.5–22.5) (21.5–22.5) (23.6–24.8)

CI, Confidence interval ; I, Introduced species ; N, native species ; II/I, antibodies to either or both phase II and I antigens.
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significant associations with seropositivity to either or

both C. burnetii antigens or to each antigen separately

for bandicoots and possums. Insufficient samples

were available for feral pigs and foxes from different

regions to identify factors associated with sero-

positivity.

In this study antibodies to both phase II and phase I

C. burnetii antigens were detected using ELISA.

The development of antibodies to each antigenic phase

of C. burnetii in animal infection has not been fully

established [15]. However, some studies have suggest-

ed the presence of antibodies to phase II antigen in

animal sera is indicative of recent infection [16, 17].

Seropositivity to either or both antigenic phases of

C. burnetii has been shown to vary between species

in other surveys [18–20]. Serological tests for the

presence of antibodies against C. burnetii in animals

were unable to determine whether an animal is

actively shedding the organism [15]. In addition,

animals can seroconvert without shedding C. burnetii

and some animals can remain seropositive for long

periods after the initial infection has been cleared.

Alternatively, animals may begin to shed the organ-

ism prior to the production of antibodies and some

infected animals never demonstrate seroconversion

[15]. The positive association with seropositivity

in dingo samples originating from southeastern

Queensland indicated these animals may be a poten-

tial reservoir for Q fever in peri-urban areas in this

region. Studies involving GPS tracking of dingoes in

this region indicated animals regularly ranged into

urban areas [21]. The detection of antibodies to

C. burnetii in a relatively large percentage of feral

cat samples indicates this species may constitute an

important reservoir for C. burnetii. The potential for

feral cats as a reservoir of C. burnetii is considerably

greater in southeastern Queensland, where sero-

prevalence in these animals was >50%. As only 16

fox serum samples were collected, only preliminary

conclusions could be drawn from the seropositivity

results for these species. The fox samples taken in this

study consisted of by-catch of wild dog/dingo control

works, as foxes were not the target species of the

eradication programmes. However, the high sero-

prevalence in fox sera sampled indicates further in-

vestigation of this species as a reservoir for Q fever

may be warranted. The incidence of feral pig incur-

sion in urban areas has been increasing in Queensland

[22]. Feral pigs also constitute the most popular game

animal in Queensland [23]. The detection of anti-

bodies to C. burnetii in these animals indicates they

may be a potential reservoir for Q fever for rec-

reational and professional pig hunters, as well as pri-

mary producers who engage in feral pig eradication

measures. Housing shortages in Queensland have

resulted in residential areas expanding into wildlife

habitats throughout the state. There has also been an

increase in demand for semi-rural housing estates

in northern Queensland. These developments would

increase the exposure of the human population and

companion animals to wildlife and feral animals.

In addition, some native species such as brushtail

possums and bandicoots have adapted to urban

habitats and are regularly observed on suburban

properties. The close association these species have

with human habitation, combined with the evidence

of exposure to C. burnetii may have important public

health implications.
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